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changes in the elastic properties of living tissues during normal development and in pathological 
processes are often due to modifications of the collagen component of the extracellular matrix at 
various length scales. Force volume AFM can precisely capture the mechanical properties of biological 
samples with force sensitivity and spatial resolution. The integration of AFM data with data of the 
molecular composition contributes to understanding the interplay between tissue biochemistry, 
organization and function. The detection of micrometer‑size, heterogeneous domains at different 
elastic moduli in tissue sections by AFM has remained elusive so far, due to the lack of correlations 
with histological, optical and biochemical assessments. In this work, force volume AFM is used 
to identify collagen‑enriched domains, naturally present in human and mouse tissues, by their 
elastic modulus. Collagen identification is obtained in a robust way and affordable timescales, 
through an optimal design of the sample preparation method and AFM parameters for faster scan 
with micrometer resolution. The choice of a separate reference sample stained for collagen allows 
correlating elastic modulus with collagen amount and position with high statistical significance. 
the proposed preparation method ensures safe handling of the tissue sections guarantees the 
preservation of their micromechanical characteristics over time and makes it much easier to perform 
correlation experiments with different biomarkers independently.
Physiological and pathological modifications in the composition of the extracellular matrix critically influence the 
mechanical properties of living tissues, especially when components with support function are involved (e.g. col-
lagen, proteoglycans, laminin)1,2. Micro- and nano-mechanical  information3–5 has been used to address important 
biological questions from  mechanosensing6–10, to finding cancer  fingerprints4,11,12, targeting  metastases13, and 
unveiling the mechanism of mechanical failure in connective  tissues5,14. When used in force volume  mode3,15, 
the atomic force microscope provides mechanical information as elastic modulus maps in a quantitative manner, 
with lateral resolution down to the nanometer (nm) and force sensitivity in piconewtons (pN)16. The detection of 
mechanical forces between the probe and the sample by AFM has enabled a deeper characterization of biologi-
cal samples. Mechanobiology, in fact, helps to understand how physical forces and mechanical properties affect 
the function of the molecules, organelles, cells and  tissues17. In AFM it is possible, by selecting the probe spring 
constant and tip diameter, to define the relevant scales of the sample inspection. Nanometer-sized probes, with 
typical diameters below 10 nm, allow exploring sub-micrometer regions of the sample. These probes have been 
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implemented in dedicated setups for high-speed and high-resolution imaging to detect protein motion and study 
dynamic processes in biological membranes with spatiotemporal resolution (~ 1 nm lateral, ~ 0.1 vertical, 100 ms 
temporal resolution)18–20. The force volume AFM using micrometer-sized probes (beads, microspheres) does not 
provide such nanoscale resolution, due to the probe’s size. Nevertheless, it has a great potential for screening large 
areas of biological samples with timescales compatible with many biological  processes21. The implementation 
of force volume AFM using micrometer-sized probes for the routine mapping of tissues elastic modulus needs 
methodical optimizations, in order to overcome the intrinsic slowness of the technique (in AFM, around ten 
minutes are necessary to collect a single image using a conventional microscope configuration)3,4,16, adjust resolu-
tion and establish criteria to select regions of interest (ROIs) appropriately. Furthermore, the sample preparation 
method needs to be properly designed, to avoid imaging artefacts and ensure conditions as close as possible to 
native  ones17. The use of force volume AFM with micrometer-sized probes is an optimal choice for studies in 
biology, when the areas of interest are larger than the probe size and smaller than the maximum x–y piezo exten-
sion (around 100 μm for most of the commercial AFMs)22. A large variety of tissues exhibit domains of different 
biochemical composition, which span areas from tens to hundreds of micrometers in the lateral  size4,14,23,24.
In this work, force volume AFM is used as a tool to reproducibly identify elastic modulus heterogeneities 
due to the collagen component at the microscale in tissue sections from different organs and species. Using 
this technique, collagen-enriched domains are distinguished from areas of low collagen content, based on the 
differences in elastic modulus, in thin (10 μm) sections from human and mouse tissues. The micromechanical 
measurements correlate well with the amount and location of collagen, information extracted from the opti-
cal image of an adjacent section, stained for collagen and used as a reference. Previous studies, based on force 
volume AFM, have shown weak or no correlations with the collagen component when probes of micrometer 
size are  used3,4,23. Our results are obtained through a rapid and robust screening, based on the optimization of 
both the sample preparation method and the scanning parameters, using a conventional (non high-speed) AFM 
setup. We demonstrate that a standard AFM, equipped with force volume capability, bright field optical imag-
ing capability and without integrated x–y motorized  stage6,8,22, can be a practical tool for the characterization of 
tissues exhibiting a structural heterogeneity, due to uneven collagen distribution.
One of the main objectives of our work is to define a sample preparation method where micromechanical 
differences due to the tissue composition are preserved, guaranteeing stability of the tissue samples in time and 
biosafety. For AFM studies,  fresh4,5 and frozen non-fixed3,14 tissue samples are used routinely. Fresh samples, 
especially those coming from soft organs (liver, kidney) generally exhibit poor stability and create difficulties 
related to transportation, preservation of the tissue integrity, time constraints during experiments. In this work 
we use thin histological tissue sections which constitute an ideal geometry for AFM studies and allow for direct 
correlation analysis with an adjacent stained section. We generated data from Sects. 10 μm thick, collected from 
tissues prepared following the methods described in the paper and performed comparison of the results. The 
sample preparation method we propose, based on fresh cryo-sections fixed for a short period of time (10 min), 
provides conditions preserving not only the tissue micromechanical heterogeneities (higher elastic modulus of 
the collagen component compared to the remaining extracellular matrix), but also sample stability in time and 
biosafety. The sample stability allows us to perform multiple experiments and correlation analysis with differ-
ent biomarkers without the time constraints, imposed when using fresh samples. The proposed method can 
further be tested for the characterization of anomalies in the distribution of collagen and other components of 
the extracellular matrix in diseases at those scales where nanometer resolution is not  critical25,26. We used 10 μm 
cryo sections from fresh non-fixed tissues as reference samples, since sections of such thickness cannot be cut 
from fresh soft tissue.
Results
Design of the force volume AFM experiment. In force volume AFM, the probe of an atomic force 
microscope is brought into physical contact and then separated from the sample surface at a constant rate in each 
position, during the scanning of a square area of  a defined size. During this vertical movement, the cantilever 
deflection is recorded together with the probe-sample separation distance and converted into force vs. indenta-
tion  curve27,28. Elastic modulus, i.e. the value of the Young’s modulus at each position, is obtained by fitting the 
deformation part of the force curve with contact mechanics  models17,29,30 or using reference curve data of known 
elastic  modulus3,31,32.
Micrometer-sized probes mounted on cantilevers were used in the experiments, conducted on tissue sections 
from patients (liver) and from mice (liver and kidney) (see the Methods Section). In Fig. 1a, a triangular canti-
lever with a colloidal probe is schematically depicted, positioned over the surface of a tissue section on a Petri 
dish. To facilitate the identification of collagen-enriched areas of the sample by force volume AFM, two sections 
were cut from the tissue block sequentially. One section was stained with Masson’s trichrome  stain33 and used 
as a reference for the identification of collagen domains (Fig. 1b), while the adjacent, non-stained section was 
mounted on the Petri dish for force volume experiments.
It is well known that the sample preparation method is crucial for AFM characterization, especially when 
mechanical surface properties need to be  measured17. It would be beneficial to optimize the sample prepara-
tion for AFM mechanical characterization through a screening of methods which are mostly recognized and of 
general use in biology. In our work, we systematically tested four protocols of sample  preparation34, to obtain: 
1) frozen non-fixed, 2) frozen-fixed, 3) fixed-frozen and 4) paraffin sections. Frozen non-fixed sections were 
collected from a frozen tissue block, embedded in optimal cutting temperature compound (OCT), and meas-
ured by force volume AFM without fixation. Frozen-fixed sections were obtained from the same frozen tissue 
block in OCT, and were fixed in paraformaldehyde (PFA) just before force volume measurements. Fixed-frozen 
sections were collected from a tissue block, fixed overnight in PFA and then frozen in OCT. Paraffin sections 
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were collected from a tissue block, fixed overnight in PFA and embedded in paraffin. Protocols using frozen 
non-fixed  samples3,14,31,35–37 have been largely used for the mechanical characterization with the AFM, while, to 
our knowledge, there are no reports using paraffin, fixed-frozen and frozen-fixed samples. Deparaffinized and 
rehydrated tissue sections have been used by Anura et al.38 while decellularized ECM has been used by Jorba 
et al.39. All force volume AFM measurements were performed at room temperature and in PBS buffer. More 
details on the sample preparation methods can be found in the Methods Section.
Human liver samples were obtained from stage IV colon cancer patients undergoing liver resection for 
colorectal liver metastases and consist of healthy parts of the liver, without metastases (see the Methods Sec-
tion). Tissue sections prepared with the four different methods were used to determine the elastic modulus in 
collagen-enriched areas (CE) and areas with low collagen amount (CL). Representative findings from one of 
the samples, a frozen-fixed section from patient #9, are shown in Fig. 1c-h. In the trichrome-stained section, 
CE areas, 10–100 µm wide, are clearly recognizable by their intense blue color with the Aniline Blue dye of the 
Masson’s  trichrome33. The dye identifies connective tissue around large hollow cavities in the section (arterioles, 
venules, bile ductules)40. The blue color is apparent in the images in Fig. 1c-d, taken around a large blood vessel 
wall, lying approximately in the center of the section. Bright field optical images of the same areas were also 
collected in the adjacent non-stained section, with the inverted microscope integrated with the AFM system, 
during force volume measurements (see Fig. 1e-f). CE areas were identified in the non-stained sections by their 
position around blood vessels and by the different texture, compared to the texture of CL areas (see also Fig. S1 
of the Supplementary Information). Elastic modulus maps were acquired in 60 × 60 μm2 areas of the non-stained 
section, in CE and CL locations. Figure 1g-h show the elastic modulus maps of a collagen-enriched region and 
a region with low collagen amount, respectively. The approximate location of the areas, scanned with the AFM, 
is highlighted in blue in Fig. 1e for CE and in orange in Fig. 1f for CL, and the corresponding positions in the 
stained section are highlighted in Fig. 1c-d, respectively.
By comparing the maps in Fig. 1g and h, we observe that the average elastic modulus of the CE area is higher 
than the average elastic modulus of the CL area (around 5 kPa). Data from CE areas also show bigger dispersion 
compared to CL areas. It is worth pointing out that in our work we used colloidal probes of controlled size (tip 
diameter: 5 µm), which are ideal to map large sample domains in the micrometer range and justify the use of 
the Hertz model for elastic modulus  extraction17,32,41,42.
Effect of the sample preparation method on the mechanical properties of tissue sections. In 
Fig. 2, the results of the AFM micromechanical characterization using the four different preparation methods are 
shown. For frozen non-fixed and frozen-fixed sections a relatively large sample size was chosen, i.e. ten patients 
(patients #1–10) were tested. For fixed-frozen and paraffin sections, five patients (patients #6–10) were tested. 
Composite images containing the trichrome staining, bright field images and elastic modulus maps are shown 
for each preparation method in Fig. 3 and in Fig. S2-S4. In all frozen non-fixed and frozen-fixed sections, CE 
areas appeared with significantly higher Young’s modulus than CL areas (P < 0.001). Compared to CL elastic 
Figure 1.  Design of the force volume AFM experiment. (a, b) Schematic drawing showing the two adjacent 
sections, the Masson’s trichrome stained and the non-stained section, and the AFM probe. (c, d), Histological 
staining of a human liver tissue section, obtained from a patient with colon cancer (patient #9) (scale bar: 
100 μm). In (c, d), areas of the tissue with low collagen (CL) (red) and enriched collagen (CE) content (blue) are 
shown. (e, f), Bright field images of the same areas as (c) and (d) in the adjacent, non-stained section, which has 
been excised 10 μm far from the stained section (scale bar: 100 μm). The two adjacent sections exhibit similar 
features, as indicated by the asterisks in the lumen of a large blood vessel in (c–f). Images in (e, f) are obtained 
during the force volume AFM measurements, using the inverted optical microscope integrated with the AFM 
system. (g, h), Elastic modulus maps of a CE area (g) and a CL area (h), approximately corresponding to the 
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modulus, CE elastic modulus was 11.5 times higher in frozen non-fixed sections and 5.5 times higher in frozen-
fixed sections (ratio between the pooled mean among all patients is compared, see Fig. S5 and Fig. 4a).
Among all preparation methods, frozen-non-fixed sections are the most similar to native samples. These 
sections exhibited on average the lowest elastic modulus and the highest difference between CE and CL regions 
(3.89 kPa and 0.34 kPa respectively, see also the histograms in Fig. S6-S7). Analyzed individually, CE areas showed 
significantly higher Young’s modulus than CL areas also for each tested patient (P < 0.0001) (see Fig. S5). The 
nominal collagen elastic modulus extracted from frozen non-fixed sections is about two orders of magnitude 
lower than the elastic modulus of collagen fibrils (a value of 5–10 GPa has been reported for single fibrils from 
rat tails, measured by nanoindentation in air)43 and about one order of magnitude lower than the elastic modulus 
of articular cartilage, whose main components are collagen and proteoglycans (1–3 MPa, as measured in fresh 
and frozen tissues from porcine in PBS, using micrometer-sized probes)5,31.
In paraffin and fixed-frozen samples, the higher elastic modulus expected for collagen-enriched  areas44 is 
no longer detactable by force volume AFM. As expected, due to the long fixation time in PFA, both paraffin 
and fixed-frozen sections showed the highest elastic modulus among all preparation methods. The inability of 
identifying collagen by a higher elastic modulus after testing paraffin and fixed- frozen sections from 5 patients 
by the AFM justifies the choice of a smaller sample size for these types of sections (see also Fig. S8). The average 
elastic modulus of each sample and method, without dividing to CE and CL areas, is shown in Fig. S9, to help 
understand the different outcomes of the proposed methodologies. The plot in Fig. S9 can be used as guidance, 
since the measurements were performed with different probes (paraffin and fixed-frozen samples required stiffer 
probes with higher k, see the Methods section).
The difference in elastic modulus caused by the different preparation methods is confirmed in single force 
vs. indentation curves (Fig. 2, inset), collected in single points within CL areas (data are from patient #6). Data 
fitting with the Hertz  model15,28,32,41,42 shows that the Young’s modulus is lowest in the frozen non-fixed section 
(blue curve, Y = 0.39 kPa), followed by the frozen-fixed section (green curve, Y = 1.18 kPa), then the fixed-frozen 
section (red curve, Y = 115.8 kPa) and highest in the paraffin section (black curve, Y = 309.5 kPa).
The results from the force volume AFM characterization shown in this work are consistent across sections, 
spaced hundreds of micrometers apart, within the same tissue block. Frozen non-fixed sections, separated by 
about 200 μm, were investigated, see also the Methods Section. Elastic modulus range and values in CE and CL 
areas were similar (see the results from patient #7 in Fig.S10a-S10b of the SI). Frozen-fixed sections from mouse 
liver from levels 200 μm far apart were also compared, showing similar results (Fig. S10c-S10d). These results 
confirm the robustness of both sample preparation methods. Thus, each of the two methods can be employed as 
a standard for obtaining reproducible mechanical data with the AFM. We point out that, differently from other 
 approaches4,45–47, in our experiments the tissue sections were not glued on the petri dish, in order to avoid the 
uncontrolled glue deposition that would affect the elastic modulus of the sections.
Figure 2.  Effect of the preparation method on the elastic modulus of tissue sections. Elastic modulus of CE 
areas (solid circles) and CL areas (open circles) for each patient in different preparation methods (N = 10 for 
frozen non-fixed sections and for frozen-fixed sections, represented as blue and green circles, respectively. 
N = 5 for fixed-frozen sections and for paraffin sections, represented as red and black circles, respectively). 
Each data point in the graph is an average value for patient, obtained from sampling 5 CE and 5 CL locations 
with 10 × 10 pixel maps each. Overlapped is the pooled mean with uniform samples and standard deviation. 
CE locations showed higher elastic modulus in frozen non-fixed and frozen-fixed samples (P < 0.001), CE and 
CL locations showed not significantly different Young’s modulus in fixed-frozen samples (P > 0.05) and CL 
locations showed higher Young’s modulus than CE locations in paraffin samples (P < 0.05). Inset. Representative 
force vs. indentation curves in CL locations for each preparation method. Curves belong to patient #6. The 
elastic modulus of differently processed tissues, extracted according to the Hertz model, follows the trend: 
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Figure 3.  Force volume AFM of frozen-fixed sections from human liver. (a) Reference Masson’s trichrome-
stained section of patient #3 (scale bar: 1 mm). (b, c) (top panels), bright field optical images of the non-
stained section, collected during the force volume experiment, corresponding to regions of interest for the CE 
component (b, top panel) and for the CL component (c, top panel) of the section, respectively. All 10 regions 
of interest are highlighted in (a). Scale bar for all the images is 100 μm. (b, c) (bottom panels) Set of elastic 
modulus maps (60 × 60 μm2, 10 × 10 pixels) from CE (b, bottom panel) and CL areas (c, bottom panel). The 
approximate position of the maps is highlighted in blue and orange in (b and c) (top panels), respectively. (d) 
Distribution histogram of the elastic modulus values plotted separately for CE (N = 500) and CL (N = 500) areas.
Figure 4.  Correlation between elastic modulus and collagen amount. (a) Elastic modulus values for each 
patient, plotted separately for CE and CL, with average values (in black). For better visualization, data are shown 
in logarithmic scale (8 data points are outside the y axis limits). Pooled mean with uniform samples among 
all patients is also shown in the graph (10.9 kPa for CE, blue line and 2.0 kPa for CL, orange line). Difference 
between CE and CL elastic modulus was found to be significant for each patient (P < 0.0001) and for the all the 
patients combined (P < 0.001, see Fig. 2). (b) Correlation between elastic modulus and collagen amount, i.e. 
the blue intensity in the stained sections,  (rPearson = 0.33, P < 0.0001). The linear fit, shown as a black line in (b), 
includes all CE and CL data as a single population.
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Mechanical properties of frozen‑fixed tissue sections and correlation with the collagen 
amount. Our main focus is on the results, obtained from frozen-fixed sections. Figure 3 shows force volume 
AFM measurements of a liver section, obtained from patient #3. Five regions in each section, with marked CE 
domains (areas from 1 to 5 in Fig. 3b, top panel) and five regions in the same section, far from the CE locations 
(CL areas from 6 to 10 in Fig. 3c, top panel) were chosen and optical images of these regions were captured in-
situ during the force volume experiment. The areas selected for AFM scanning are indicated in the trichrome-
stained reference section, as shown in Fig. 3a. The position of the cantilever marks the approximate location of 
the force maps, highlighted in blue for CE and in orange for CL. In all collected maps (bottom panels in Fig. 3b 
and 3c) we systematically observed higher elastic modulus in collagen-enriched areas.
Figure 3d shows the distribution histogram of the elastic modulus values, separately from CE and CL loca-
tions. It includes data from all the maps, obtained from patient #3. The elastic modulus distribution for CE areas 
shows a peak at about 6 kPa, while the peak position for the CL areas lies at about 2 kPa. Furthermore, the CE 
histogram is skewed to high values (60 kPa > Y > 15 kPa), unlike the histogram from the CL areas. Elastic modulus 
distributions showed similar features for all the tested patients (see Fig. S6 and S7).
Our data for the elastic modulus of all frozen-fixed human sections are presented in Fig. 4a. In this prepara-
tion method, the difference between CE and CL data was significant for each individual patient also (P < 0.0001). 
Thus, in frozen-fixed sections from human liver, the collagen component of the tissue can be clearly recognized 
by force volume AFM due to the higher elastic modulus.
Pixel by pixel correlation analysis between force volume AFM data and histological data (60 × 60 µm2 regions 
of interest in the trichrome sections, ROIs) was also performed for the frozen-fixed sections (see the Methods 
Section). The results are shown in Fig. 4b, which includes data from all the patients. We found a significant 
positive  correlation48,49 between elastic modulus and collagen amount, i.e. the intensity of the blue  staining50,51, 
considering CE and CL data as a single dataset  (rPearson = 0.33, P < 0.001). Regions with CL content were also 
included in the analysis, as a contribution from the blue component is present in the trichrome section from 
these regions. CL (orange) points in Fig. 4b lie in the region of the graph where the collagen amount and elastic 
modulus are the lowest.
From the results shown in Fig. 4a and 4b, it becomes clear that not only is the elastic modulus in CE areas 
significantly higher than the elastic modulus of CL areas (see also Fig. 3), but the elastic modulus tends to increase 
with the amount of collagen (blue intensity) in the reference histological section. The correlation with the col-
lagen amount, demonstrated here for the first time, is relevant, given the use of low-resolution elastic modulus 
maps (10 × 10 pixels), the physically different sections used for correlation analysis, the positional errors of the 
measurements and the non-linear relationship between the collagen amount and staining  intensity50,51. In pre-
viously published data, no correlation has been found between AFM micro-elastic modulus and the collagen 
amount from biochemical  assays3.
General applicability of the preparation method based on frozen‑fixed sections and spatial 
correlations. To assess the general applicability of the preparation method based on frozen-fixed sections 
for collagen identification and evaluate spatial correlations, we performed force volume AFM measurements of 
frozen-fixed sections from mouse tissues. Figure 5a and 5b show the elastic modulus distribution histograms 
of a 10 µm thick section from mouse liver (Fig. 5a) and mouse kidney (Fig. 5b) (for both samples, histological 
staining, bright field optical images and force maps are shown in Fig. S11-S12 of the SI). While the absolute 
elasticity is tissue-dependent, i.e. sections from mouse kidney appeared to have about two times higher Young’s 
modulus compared to sections from mouse  liver52, the elastic modulus of CE areas is higher, compared to the 
elastic modulus of CL areas in both cases. In mouse liver, the distribution histogram of the CE areas shows a peak 
at higher elastic modulus (Y ~ 0.4 kPa), compared to the peak of the histogram from CL areas (Y ~ 0.2 kPa), and 
it shows larger dispersion (Fig. 5a). In mouse kidney, the elastic modulus distribution is skewed to the right (till 
Y < 5 kPa) in CE areas, while Y values in CL areas lie always below 1 kPa (Fig. 5b). Given the different extent of 
collagen domains in the two sections, the histogram in Fig. 5a has been obtained with 30 × 30 μm2 force volume 
maps, while the histogram in Fig. 5b has been obtained with 60 × 60 μm2 force volume maps.
Figure 5c-h show the spatial correlation between elastic modulus and histological data for a tissue section 
from mouse kidney. A region of 50 × 50 μm2 at the CE-CL interface close to a blood vessel was chosen for the 
force volume characterization. The position of the cantilever was recorded at the beginning and at the end of 
the experiment (Fig. S13a-S13b). The optical image of the blood vessel in the reference stained section is shown 
in Fig. 5d, while the area scanned by the AFM is highlighted in blue in the inset of Fig. 5d. Correlation analysis 
was performed between the collected elastic modulus map (Fig. 5g) and corresponding, but not identical 50 × 50 
µm2 ROIs, lying at the CE-CL interface in the stained reference section. The procedure is shown in Fig. 5e–h. 
Each ROI was color deconvoluted (Fig. 5f) and a new tiled ROI, 10 × 10 pixels was generated, representing the 
average intensity of the blue component in each pixel (Fig. 5h). The tiled ROI was then correlated pixel by pixel 
with the map of the elastic modulus, as in Fig. 5c. The highest correlation was obtained with the area highlighted 
in blue in Fig. 5d  (rPearson = 0.68, P < 0.0001). We verified that obtained Pearson’s coefficient was not affected by 
slight rotations of the optical image of the stained section by ± 5 degrees. For details of the spatial correlation 
analysis, see also the Methods Section and Fig. S14.
Our results show a significant positive  correlation48,49 between the tiled ROI from the histological region 
marked in Fig. 5d and the low-resolution elastic modulus map in Fig. 5g. Previously, only weak spatial correla-
tions  (rPearson = 0.13, P < 0.05) were found between elastic modulus maps with high number of pixels (64 × 64 
pixels) and corresponding multiphoton microscopy images of the same areas in tendon tissue (same section, no 
adjacent sections), containing CE and CL  domains3. We attribute this discrepancy to the different tissues used, 
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since tendon is an intrinsically and overall afibrous tissue and may display higher homogeneity in the mechanical 
properties under the AFM probe.
To further investigate, a 24 × 24 pixels elastic modulus map was collected in the same area as in Fig. 5d (inset) 
and correlated with the histological ROI marked in Fig. 5d (see Fig. S15 of the SI). A slightly lower correlation 
coefficient was obtained, i.e.  rPearson = 0.56, P < 0.0001. It is possible that in maps with high number of pixels, 
features typical of the non-stained section and distinct from the reference section become more prominent and 
contribute to the decrease in spatial correlation. The time required to collect the high-resolution map in Fig. S15 
is 10 min, while only 1.8 min are required to collect the low-resolution map in Fig. 5g.
Discussion
Despite prevalent use of force volume AFM for the micro and nanomechanical characterization of  cells53,54, 
 microorganisms15,55,56 and  viruses57–59, relatively little work has been done to measure the mechanical proper-
ties of tissues and relate these measurements to function. The lack of experimental data has been justified by the 
limited availability of samples and sample preparation techniques for subsequent AFM  testing17. Complementary 
optical techniques are also necessary with large tissue samples, to guide the AFM probe at the locations of interest 
and correlate elastic modulus measurements with biochemical reactions, position of fluorescent markers, healthy 
or disease-affected areas of the same tissue Sect. 16 In principle, the samples studied by the AFM should retain 
tissue morphology, structure and function close to the natural  state60,61. So far, force volume AFM measurements 
have been performed with  fresh4,5,45–47 and frozen non-fixed3,14,31,35–37 tissues sections and blocks. The general 
disadvantage of these samples is the poor stability of the tissue over time and the risk of probe contamination 
during measurements. There could also be serious safety/health concerns for the researchers, performing the 
force volume AFM experiments, the equipments and the entire laboratory (pathogens survival, contamination), 
especially when fresh samples with disease-related mechanical phenotypes are being analyzed. These issues can be 
overcome by a short-time fixation of cryosections for 10 min before force volume experiments are performed. As 
expected, the average elastic modulus of the frozen-fixed sections is higher compared to that of frozen non-fixed 
Figure 5.  Elastic modulus of frozen-fixed mouse tissue sections and spatial correlations. (a, b) Young’s modulus 
distribution histograms of frozen-fixed tissue sections from mouse liver (a) and mouse kidney (b) plotted 
separately for CE and CL data (N = 500 for CE and N = 500 for CL). (c) Elastic modulus vs. collagen amount 
(blue intensity), as obtained by comparing pixel by pixel the tiled map from the histological ROI which gave 
the highest score in the spatial correlation analysis  (rPearson = 0.68, P < 0.0001, N = 100) and the low-resolution 
elastic modulus map (see images in g, h). (d) Trichrome-stained image (d) and bright field image (d, inset) of 
the same sample region around a blood vessel in two adjacent sections from mouse kidney (scale bars: 100 mμ). 
The area where the force map was collected (50 × 50 μm2, 10 × 10 pixels) is highlighted in blue in (d, inset). (e–h) 
Procedure for spatial correlation analysis (see the main text).
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 sections61. However, our results inequivocally indicate that the micromechanical differences in elastic modulus, 
due to the collagen component, are well preserved in the frozen-fixed sections. Furthermore, the frozen-fixed sec-
tions remain stable over time and generate similar results after being stored at 4 °C for several days (see Fig. S16).
Here, we present a design of the force volume AFM experiment, aimed to perform a fast tissue characteriza-
tion with a standard, non- high-speed AFM  setup6,8,18–22. In our experiments, about 30 min are required for char-
acterizing one tissue section, i.e.for the tip positioning in relevant areas of the sample and the mapping of 10 areas 
of the section, 5 for CE and 5 for CL locations. This short timescale is achieved by efficient probe positioning, 
performed under the guidance of the stained reference section, and by optimization of the scanning parameters 
(speed of a single approach-retraction curve, number of pixels/map). The collection of bright field images in situ 
during the force volume AFM experiment facilitates the identification of the elastic modulus maps within the 
optical field of the measurements, and speeds up the subsequent data processing and correlation analysis. From 
our results, differences in elastic modulus due to the collagen component are observed in low resolution maps, 
whose size is commensurate with the size of the collagen domains in the sections from different organs (60 × 60 
µm2 in human liver and mouse kidney, 30 × 30 µm2 in mouse liver). The data shown here have been obtained by 
setting the speed of a single approach-retraction cycle (force vs. distance curve) to 1 Hz. We found that increas-
ing the rate of the force curves collection to 1.5 Hz does not reduce the sensitivity of the measurements nor 
affects the quality of the results obtained. The differences in elasticity between CE and CL areas, absolute Young’s 
modulus values for each preparation method, force curve evolution and fitting results remain unchanged with 
the increase of the scanning rate from 1 to 1.5 Hz (data not shown). The higher imaging speed further reduces 
the overall duration of the force volume AFM experiment by about 30% for a single section. The force volume 
AFM can become an integral part of biological experiments and a useful tool in the clinical practice to obtain 
micromechanical fingerprints of tissues, label-free, with high reproducibility and affordable timescales. Previous 
reports of tissues elastic modulus by force volume AFM showed slower outcomes, 1 to 2 orders of magnitude, 
and the time necessary for the collection of a single map varied between 10 and 100 min3,4.
We observed differences in the elastic modulus between different patients in frozen non-fixed and in frozen-
fixed sections. In general, differences (both CE and CL values) were significant (Table S1). Since all tissue samples 
were obtained from normal, non-metastatic areas of the patients ‘ liver, we attribute these differences to different 
tissue phenotypes. Future studies will focus on the evaluation of subtle differences between patients, correlation 
with progression of the disease, anomalous collagen distribution or the presence of  metastases12.
In conclusion, in our work we implement the force volume AFM to study elastic modulus gradients in tissue 
sections at the microscale. Using collagen as an example, we screened different sample preparation methods for 
their potential to measure precisely the effect of collagen content on the mechanical properties of the section. 
Together with the standardization of the sample preparation method, we present a standardization of the AFM 
measurements for fast scanning, allowing generation of reproducible results. The experimental design includes 
preparation of a reference stained section for correlation analysis. Our preparation method, based on frozen-
fixed sections, can be further tested in dedicated setups for high-speed IT-AFM using motorized  stages6,8,22 or 
faster designs for the z-scanner  movement62, in order, for example, to assess the overall quality of the sections, 
detect micromechanical heterogeneities due to tissue components other than collagen, understand the origin of 
elasticity at the single molecule level or unveil more subtle differences between patients, effects of treatments, etc., 
data that only the AFM can capture, due to its extremely high sensitivity and spatial resolution. An important 
additional benefit of our method is that tissue with preserved quality and stability allows for AFM studies to be 
correlated with different in situ molecular detection methodologies, and for mechanical measurements to be 
integrated with other studies of interest for extended periods of time.
Methods
All methods were carried out in accordance with relevant guidelines and regulations. For human samples, all 
individuals provided informed consent for liver tissue biopsy. The experiments with the human tissues were 
approved by the Memorial Sloan Kettering Institutional Review Board (MSK- IRB protocol #17–594). The 
experiments with the mouse tissues were approved by the Memorial Sloan Kettering Institutional Animal Care 
and Use Committee (MSK-IACUC protocol #01–11-026).
Preparation of the tissue sections. Non-tumoral human liver samples were obtained from patients with 
stage IV colon cancer undergoing resection of liver metastases at Memorial Sloan Kettering Cancer Center 
(MSK). Prior to getting the liver biopsies in the operating room (OR), doctors reviewed the computed tomogra-
phy scans to identify where the metastatic liver lesions are and selected an area in the liver that appears normal. 
The surgeon then biopsied that area that appeared grossly normal non-metastatic (as far as possible from the 
liver lesion). A sample of this biopsy was then fixed and stained for histological analysis to confirm that it was 
normal liver tissue. Upon specimen collection, liver tissue was placed into ice-cold PBS and transported imme-
diately from the OR to the laboratory for processing. Protease inhibitors were not added to  PBS3,14,35,36, as only 
part of the tissue was used for the AFM measurements. The remaining tissue was used for other tests (exosome 
isolation, tissue culture), which require preserved cell viability. Due to the limited duration of the AFM experi-
ments, we do not expect that the cell enzymatic activity can affect the AFM measurements. Liver tissue from 
each patient was cut into three parts. Each part was processed in one of the following ways: paraffin embedding, 
fixed-frozen, and frozen preparations. For paraffin and fixed-frozen preparations, tissues were immersed in 4% 
paraformaldehyde (PFA) and fixed overnight at 4 °C with rocking, then washed three times with PBS. The pro-
cessing of the tissues for embedding in paraffin continued with a tissue processor (Leica Biosystems, ASP6025) 
as follows: dehydration in 95% ethanol for 30 min and in 100% ethanol twice for 30 min each, clearing in xylene 
3 times, 30 min each. The tissues were then immersed in liquid paraffin (3 times for 30 min each, T = 56 °C). The 
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paraffin blocks were stored in the refrigerator. 10 μm thick paraffin sections were cut with a microtome (Leica 
RK2065), mounted on the glass bottom Petri dishes, dewaxed and rehydrated. For fixed-frozen preparation, 
after fixation and washing in PBS, the tissues were transferred in 30%  sucrose63,64 and rocked at 4 °C until the 
tissues rested on the bottom of the vial. The tissues were transferred in equal volumes of OCT and 30% sucrose, 
rocked for 2–3 h at 4 °C, equilibrated in OCT for 30 min at 4 °C and embedded in molds filled with OCT. The 
molds were quickly frozen in isopentane, pre-cooled in liquid nitrogen and stored in a freezer at T = -80 °C. 
For frozen non-fixed and frozen-fixed preparation, the tissues were embedded in OCT, frozen and stored as 
described for the fixed-frozen samples. For all cryo-preparations, four 10 μm thick sections (Sect. 1–4) were cut 
sequentially with a cryostat (Leica Biosystems, CM1950). Sections 2 and 3 were transferred in a glass bottom 
Petri dish (FluoroDish FD5040), coated with poly-L-lysine (1 × dilution from 10 × stock solution, P8920 Sigma 
for 30 min at RT) and kept on ice until the start of the force volume AFM experiment (only one section was 
scanned). Section 1 (reference for Sect. 2) and Sect. 4 (reference for Sect. 3) were stained with Masson’s trichrome 
stain (see below). The frozen non-fixed sections were scanned as soon as possible. For the frozen-fixed prepara-
tion, cryo-sections from frozen non-fixed blocks were fixed for 10 min with 4% PFA on ice, washed with cold 
PBS and scanned. All reagents, solvents and Petri dishes used in this work were obtained from Fisher Scientific. 
Frozen-fixed sections from wild type C57Bl/6 mouse liver and kidney tissues were prepared in the same way as 
the human frozen-fixed sections.
Masson’s trichrome staining. Sections 1 and 4 from each of the four different types of tissue preparations 
were mounted on a Superfrost Plus glass slides (Fisher Scientific, 12–550-15). The slides were baked at 58 °C for 
60 min and stained with Masson’s trichrome stain (Abcam, ab150686) according to the manufacturer instruc-
tions. The slides were digitally scanned with the Panoramic Flash 250 scanner (3DHistech, Budapest, Hungary), 
using 20x/0.8NA Zeiss objective or Zeiss Lumar v.12 stereomicroscope. The regions of interest (ROIs) were 
manually drawn on the scanned sections, using CaseViewer software (3DHistech, Budapest, Hungary), exported 
into .tiff files at full resolution (0.243 mm/pixel) and analyzed using ImageJ (NIH) or MATLAB (MathWorks).
Force volume AFM experiment and force curves analysis. Glass bottom Petri dishes containing 
freshly cut tissue sections were filled with 3 ml PBS and scanned with the AFM. Experiments were performed 
with a MFP-3D-BIO AFM (Oxford Instruments), integrated with an inverted Zeiss AxioObserver Z1 micro-
scope and an AxioCam. The Zeiss microscope was used to visually position the AFM cantilever with respect to 
the sample. The positions for AFM scanning on the unstained section were chosen based on the image of the 
trichrome stained referenced section. Cantilevers with colloidal probes were used in this work. For the frozen-
fixed and frozen non-fixed sections, borosilicate (BS) probes with 5 μm diameter and nominal k = 0.09 N/m 
were used (Novascan), while for the paraffin and fixed-frozen sections, polystyrene (PS) probes with 6.1 μm 
diameter and nominal k = 0.02–0.77 N/m were used (CP-CONT-PS, NanoandMore). Before each experiment, 
the cantilever spring constant was calibrated using the thermal noise  method65 and the optical sensitivity was 
determined using a glass bottom Petri dish, filled with PBS, as an infinitely stiff substrate. AFM was performed at 
RT by mapping regions within the area of the bright field images. The area of the force maps is 60 × 60 μm2 (sec-
tions from human liver), 30 × 30 μm2 (sections from mouse liver), 60 × 60 μm2 (sections from mouse kidney) and 
50 × 50 μm2 (section from mouse kidney used for correlation analysis, see Fig. 5). The rate of a single approach/
withdraw cycle was set to 1 Hz. Under these conditions, the mapping of one area took 1.8 min. We verified that 
decreasing the approach/withdraw rate does not affect the force curve evolution or change the obtained Young’s 
modulus from curve  fitting17. A force threshold was chosen to ensure sample penetration of 1–2 microns for all 
the preparations (force threshold = 10 nN for paraffin sections, 3 nN for fixed-frozen sections, 3 nN for frozen-
fixed sections and 3 nN for frozen non-fixed sections). Force curves in each map were fitted according to the 
Hertz  model15,28,32,41,42, using the routine implemented in the MFP 3D AFM to obtain elastic modulus maps (Igor 
Pro, Wavemetrics) (νtip = 0.5,  Etip = 3 GPa, νsample = 0.4566 for PS probes and νtip = 0.19,  Etip = 68 GPa, νsample = 0.4566 
for BS probes).
Dataset and controls. The data presented here were generated from 5 paraffin, 5 fixed-frozen (patients 
#6–10), 10 frozen non-fixed and 10 frozen-fixed sections (patients #1–10). The data from one frozen-fixed sec-
tion from mouse liver and one from mouse kidney were also collected. To assess the consistency of the elastic 
modulus results within the same patient block and the robustness of the preparation method, two additional 
frozen non-fixed sections from human liver and two additional frozen-fixed sections from mouse liver, 200 μm 
away from the original section, were also cut and tested (Sects. 2 and 3). To assess the stability of the tissue sec-
tions over time, frozen-fixed Sect. 2 from patient #2 was tested immediately after preparation, while the Sect. 3 
was stored in PBS at 4 °C and scanned 5 days later (see Fig. S16 of the SI). In Table S2 of the SI the total number 
of scanned sections is resumed, together with the number of collected force maps/sample, the size of the maps 
and the resolution (number of pixels/map).
Data processing. Normalized elastic modulus distribution histograms were obtained from the AFM data 
through a custom script in MATLAB (MathWorks). Histograms were generated using 100 uniformly distributed 
bins between a maximum and a minimum set per data set. Normalization was obtained by dividing the data 
points within a certain bin by the total number of data points and converting the number to a percentage. Data 
visualization and fitting were performed using OriginPro (OriginLab) and GraphPad Prism. Statistical analyses, 
i. e. unpaired parametric t-test and Pearson’s correlation analysis were performed with GraphPad Prism. The 
average elastic modulus is reported as pooled mean across patients.
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Correlation analysis. To correlate collagen staining with elastic modulus in all human samples, regions 
approximately matching the AFM force maps were extracted from the stained trichrome sections. Manual place-
ment of the fixed size ROIs was guided by the optical images showing the cantilever position and the surround-
ing tissue, as well as by the elastic modulus maps of sampled locations, made during the force measurements. 
In most (~ 85%) cases a distinctive tissue feature, such as an edge or void was visible in both optical images 
and stained adjacent sections allowing relatively unambiguous determination of where the tip was placed dur-
ing AFM measurements. In the remaining featureless areas of tissue this was not possible, and an approximate 
region within the adjacent section guided by a coarser scale manual record of sampled locations made at imag-
ing time was used. In many cases features, such as regions of collagen with higher Youngs modulus, were also 
visible within the force maps, allowing confirmation of the alignment (see Fig. S13 c-d of the SI). Accuracy was 
limited by the manual procedure, the variability in the cantilever’s position relative to the sampled area at the 
time brightfield images were acquired and by the physically different stained and non-stained sections.
To measure collagen staining, the trichrome images of the ROIs matching the force maps were color decon-
voluted using the default Masson trichrome vector in ImageJ. The resulting blue channel image was inverted. The 
intensity within all pixels corresponding to a single pixel in the AFM map were averaged to create a single staining 
value corresponding to each Young’s modulus point (spatial details for human and mouse samples below). The 
extent of correlation between a given elastic modulus value and corresponding collagen amount was computed 
using the Pearson’s correlation coefficient.
Only the spatial sampling used to extract collagen values corresponding to each elastic modulus data differs 
between human and mouse samples. For human samples the total imaged ROI was 60 × 60 μm2. All adjacent 
section pixels within an area of 6 × 6 μm2 (one pixel in force maps) were summed and averaged to create the 
corresponding collagen value. In mouse kidney samples, the total ROI area is 150 × 85 µm2. Within this area, 
50 × 50 µm2 ROIs were extracted with 2-pixel spacing in both x and y directions (1 pixel = 0.12 µm). In this case, 
all adjacent section pixels within an area of 5 × 5 μm2 (one pixel in force maps) were averaged to create the cor-
responding collagen value.
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